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How ”Tiny” Can We See?



Mainstream Methods to Determine 
Protein Structures:

• X-ray crystallography

• Cryo-electron microscopy (cryo-EM)

• Nuclear magnetic resonance (NMR) spectroscopy

• Mass spectrometry (MS)

• Molecular dynamics (MD) simulation



Electron Microscopy in Biology

(UMass Med, EM Facility)

Transmission electron microscopy (TEM) Scanning electron microscopy (TEM)



Optics

Molecular Biology of the Cell v5





Microscopy

Cryo-EM



Electron beam

f(x) f(x)F(X)

If   F(X)=FT[f(x)],  then  
f(x)=IFT[F(X)]

where FT=Fourier 
transform & IFT=Inverse 
Fourier transform.

Note: important in X-ray 
crystallography and 3D 
reconstruction 
algorisms.

Optical & X-ray Diffractions



Optical & X-ray Diffractions



Single-Particle Analysis (SPA)

Samples

(Bai et al, eLife, 2013)

No Need of Protein Crystals!



Microelectron Diffraction (MicroED) & 
Electron Crystallography

Samples
2-D or micro-
crystals

(Martynowycz & Gonen, Curr Opin Colloid Interf Sci, 2018)



Cryo-Electron Tomography (cryo-ET)

(Koning et al, Ann Anat, 2018)

Samples



Image Formation



Cryo-EM Workflow
379

complex (OMC, encoded by the conjugative pKM101 plasmid) 
was solved with a resolution of 15 Å. This 1.1 MDa structure, 
which spans both the outer and inner membrane, is made of 14 
copies of VirB7, VirB9, and VirB10 proteins (Fig. 2a) [12]. 
Further, the resolution of the same core OMC was improved to 
12.4 Å, which provided further details on the structural organisa-
tion of the proteins that form this complex (Fig. 2b) [13]. Recently, 
the almost complete full structure of the T4SS (VirB3–VirB10) 
encoded by the conjugative R388 plasmid was solved by negative 
staining (NS). This remarkable structure provided the first view of 
both the outer and the bipartite inner-membrane complex (IMC) 
and how these are linked by a structure called stalk (Fig. 2c) [14].

This review might not be complete from the point of view of a 
specialist and it might not provide sufficient mathematical back-
ground for the reader. However, we will try to give a general 

Fig. 1 Workflow of EM structural analysis. In green is the experimental part of 
structural analysis. The computational part is shown in light and dark blue; the 
initial steps of processing are shown in light blue. They include image frame 
alignment, CTF correction, normalisation, and filtering. The subsequent steps—
alignment, statistical analysis, determination of particle orientations, and initial 
three-dimensional reconstruction (3D)—are shown in dark blue. The final step 
(light purple) is the interpretation of the maps obtained

Cryo Electron Microscopy

(Costa et al, Meth Mol Biol, 2017)
(Dörr, Nat Meth, 2016)
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For decades X-ray crystallography reigned as the 
dominant technique for obtaining high-resolution 
information about macromolecular structure. 
Single-particle cryo-EM was traditionally used 
to provide insights into the morphology of large 
protein complexes that resisted crystallization, 
albeit at substantially lower resolutions than 
crystallography. Though the overall strategy has 
not changed appreciably over the years, very recent 
technological advances in sample preparation, 
computation and especially instrumentation are 
now allowing researchers to use cryo-EM to solve 
near-atomic-resolution macromolecular structures. 

The first step: sample preparation
A cryo-EM experiment begins with a purified pro-
tein sample. The protein solution is applied to a spe-
cial sample grid consisting of tiny holes in a film 
(conventionally made of amorphous carbon) sup-
ported by a metal frame. Ideally the protein parti-
cles distribute evenly within the grid holes in a vari-
ety of orientations. The grid is then plunged into a 
cryogen such as liquid ethane, flash-freezing it and 
trapping the particles in a thin film of vitreous ice. 
In addition to capturing the protein structure at 
the moment of freezing, this process protects the 
sample to some degree from radiation damage and 
prevents evaporation of buffer in the high-vacuum 
conditions of a transmission electron microscope.

Researchers have explored various ways to 
improve sample preparation, including optimizing 
protocols for purifying fragile protein complexes, 
automating the preparation of sample grids and 
improving the grids themselves. Such seemingly 
incremental optimizations can together have a large 
impact on the success of a cryo-EM experiment.

From 2D images to 3D model
The moniker ‘single-particle’ cryo-EM comes from 
the fact that 2D electron micrographs are snapped of individual 
protein particles on the sample grid. Because very low elec-
tron doses must be used in order to avoid damaging radiation-
sensitive samples, such 2D projections are too noisy to allow 
structures to be resolved in atomic detail. The signals can be 
improved, however, by averaging of a large number of individual 
particles.

Particles are often frozen in random orientations on the sam-
ple grid, so averaging is not a straightforward process. This is 
beneficial, however, because many different 2D views of a pro-
tein are needed to reconstruct its 3D structure. Sophisticated 
image-processing methods are used to align the images and 
merge the data. Next, an initial 3D map is constructed. This map 

is iteratively refined and validated using dedicated 
software tools. Finally, the protein sequence is fitted 
into the 3D map to build a 3D model of the protein.

In the past, millions of individual particle images 
were required to solve a high-resolution structure. 
Now, however, the development of highly sensitive, 
direct-detection cameras is making it possible for 
structures to be solved from far fewer particle images, 
helping to save both time and precious samples while 
also  providing higher resolution. 

The dawn of direct detectors
In the early days of cryo-EM, the 2D particle images 
were recorded on photographic film. Film provided 
relatively high resolution but in practice was tedious 
to use. Many researchers in the field thus switched to 
charge-coupled device (CCD) cameras for the conve-
nience of a digital readout, but the resolution achiev-
able with such cameras was relatively poor.

The recent development and commercialization of 
direct-detection cameras have been major advances 
for cryo-EM. Whereas CCD cameras convert elec-
trons into photons in order to record images, direct 
detectors do just what their name suggests: they 
detect the electrons directly. This allows particle 
images to be collected with much greater sensitivity 
than with a CCD camera. 

Direct detectors are also fast, which allows images 
to be recorded in ‘movie’ mode. Exploiting this ability, 
researchers have devised methods to correct for the 
image blurring that occurs as a result of tiny electron 
beam–induced movements of samples during imag-
ing. This new mode of data collection has been key 
for obtaining near-atomic-resolution information.

Heterogeneity: a blessing and a curse
Whereas crystallization typically locks a protein 
into its most stable orientation, proteins in cryo-EM 
samples are free to move around until the moment of 

flash-freezing. Because cryo-EM is a single-particle technique, 
such conformational transitions can be captured and studied, 
and ultimately lead to deeper biological insights about protein 
function and mechanism.

However, such conformational heterogeneity can also 
make high-resolution 3D reconstruction a major challenge. 
Computational algorithms have come a long way in enabling 
heterogeneous data sets to be classified into structurally homo-
geneous subsets, but there is still much room for improvement.
Allison Doerr
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Single-particle cryo-electron microscopy
 A brief overview of how to solve a macromolecular structure using single-particle cryo-electron microscopy (cryo-EM).
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Protein Sample Quality

(Abeyrathne & Grigorieff, PLOS ONE, 2017)

Silver staining



The protein solution is spread on a  very thin carbon film perforated with small 1 
µm diameter holes. The sample is rapidly frozen in liquid ethane to form vitreous 
ice (water molecules frozen randomly, not in an ice lattice).  This fixes the 
molecule,  prevents water evaporation, and helps protect the protein from 
radiation damage - even if bonds are broken, the atoms are fixed in place.

http://faculty.washington.edu/lw32/cryoem_home.php

Preparation of cryo-EM Grids



Preparation of cryo-EM Grids

Sample Freezing with a Plunger

II. Cryo-EM grids preparation: Freezing by liquid ethane

Setup of liquid ethane

• Liquid ethane is a suitable coolant.
• Liquid nitrogen boils on contact, which makes it a poor coolant for cryo-EM.
• Cooling speed faster than 105-106 K/s ensure the formation of vitrified ice.

Different forms of ice contamination
(Image from Wen Jiang)

Jacques Dubochet et al., 1988

Cooling speed & 
forms of iceLiquid ethane

(Liquid N2 boils 
on contact)

Cooling speed
v.s.

Ice forms

Ice contamination

(Dubochet et al, Q Rev Biophys, 1988)



2-D images to 3-D Reconstruction

2-D è 3-D

Frank, J. (2009). Single-particle reconstruction of biological macromolecules in 
electron microscopy--30 years. Q. Rev. Biophys. 42, 139–158

computationally combine multiple views 

8. The jump into the third dimension

The main di!culty in realizing 3D reconstruction of single particles is to obtain an initial reliable

assignment of angles to the particle images. The random–conical reconstruction method (Fig. 5a)

(Frank et al. 1978 ; Radermacher et al. 1987 ; Radermacher, 1988) achieved this initial assignment

by taking advantage of one or more preferential orientations of the particles on the grid and by

making use of an additional tilt of the whole field of particles. At once, the extensive book-

keeping required in this approach proved worth the investment, made in the years before, in the

Fig. 5. Random–conical reconstruction. (a) Principle of the random–conical data collection method. Two
images are taken of the same field of molecules. Only molecules are considered that present the same view
on the grid. Azimuthal angles are obtained by aligning the images of the untilted micrograph. Thus, with
both azimuth and tilt angles known, the Fourier transform of each projection can be properly placed into
the 3D Fourier reference frame of the molecule. From J. Frank (unpublished hand-drawing on overhead
transparency, 1979). (b–d) Density map of the 50S ribosomal subunit from E. coli, the first 3D recon-
struction using the random–conical data collection method. (a) Surface representation of intersubunit face ;
(b, c) higher-threshold solid model obtained by stacking of contoured slices, viewed from front and back.
The subunit was negatively stained with uranyl acetate and air-dried, which accounts for the partial flat-
tening. The ridge of the deep groove running horizontally, termed interface canyon, is created by the helix 69 of
23S rRNA, as later recognized when the X-ray structure of the large subunit was solved. Annotations refer
to morphological details ; for example, pocket ‘P2 ’ was suggested to be the peptidyl transferase center and
CP the central protuberance. Data reproduced from Radermacher et al. (1987).

148 J. Frank
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(Frank, Q Rev Biophysc, 2009)

1979 hand-drawing



Cryo-EM: Pros and Cons
• Pros:

• Except MicroED/2D crystals, no need of crystallization
• Smaller demand of purified proteins than X-ray crystallography

• Cons:
• Molecular size:

• >200 kD (100-200 kD, pushing the limit)
• Resolution:

• Mostly 3-5 Å
• Overfitting

• Conformational variability (same issue for X-ray crystallography)
• Only a small number of functional states are solved.
• Preferred orientation (single particles in particular)

• Limited validation criteria



Challenges & Opportunities: Dynamic States
• Direct capture of macromolecular complexes from small volume cell culture 
• Determine atomic structure of all states (N>>1) in the mixture
• Order the states and elucidate the complete functional process

Only small number of discrete 
states are solvable now
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Nuclear Magnetic Resonance (NMR) Spectroscopy



The NMR “phenomenon” arises because some nuclei (1H, 13C, 15N, 31P) possess 
what is called a magnetic moment.  This means they behave like tiny bar magnets 
when placed in a magnetic field (similar to a compass in the earth’s magnetic field).  
NMR can tell us about protein structure because these bar magnets “talk” to each 
other providing distance information.  By understanding how these magnets 
communicate, we can solve protein structures! 
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Think of magnetic moments as 
tiny dipole moments with a 
positive and a negative pole – the 
dipoles interact with each other!
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1) The physical basis for NMR spectroscopy?



The nuclei of atoms, such as 1H, 13C (1% natural abundance), 31P, and 15N (0.4% 
natural abundance), possess a magnetic moment, µ, - also called a nuclear spin.  A 
magnetic field (Bo) causes µ to precess (orbit) about Bo (z-axis) at a frequency, no, 
which is proportional to the strength of Bo and the gyromagnetic ratio, g, a property of 
the nucleus (equation 1).  The bigger the g and the larger the Bo, the faster the 
precession frequency.
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Bo

Nuclear spins align either parallel or anti-parallel to Bo. There is a slight  energy 
difference between the two orientations, called DE (equation 2).  The parallel 
orientation is slightly preferred because it has a slightly lower energy than anti-
parallel – for now we need only think about the surplus parallel spins (the other spins 
cancel each other out). 

Note that the energy difference is related to the precession frequency of the protons, 
which depends on the strength of the magnetic field as defined in equation 1.

z
Parallel orientation

2

Anti-parallel orientation

Nuclear spins align parallel or anti-parallel to Bo

y

x
oantipar hEEE n=-=D



A radio-wave pulse with a no matching the frequency of precession (related to the 
energy difference between spin states)* will flip the spin from parallel to anti-parallel.  
NMR detects the absorption of energy at no.   

The utility of NMR stems from the sensitivity of DE and thus no to chemical 
environment/structure, but this relationship is complex.

*because radio-wave frequency required to flip spins depends on the Bo, we use a ppm (parts 
per million) scale

oantipar hEEE n=-=D 2

on
Bo

An applied radio-wave pulse will flip the nuclear spins
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4.70                  3.57                           1.11

d (ppm)

CH3CH2OH

A proton NMR spectrum exhibits a different peak for each set of protons in the 
molecule – in this case the methylene, the methyl and the hydroxyl protons.  

Each signal occurs at a different position (ppm), which depends on the chemical 
environment surrounding the proton.  Each signal has fine structure depending on 
the # of protons attached to adjacent atoms – called spin-spin coupling.  

This means that every amino acid in a protein will have a distinct NMR 
fingerprint – so we can assign each peak in an NMR spectrum to a specific 
proton in specific amino acid.

1H NMR spectrum of ethanol

OH     

CH2

CH3



The NOE is the key parameter that allows one to solve a protein structure.  It occurs 

when protons talk to each other through space – not through covalent bonds.  An 

NOE will occur between two protons, such as HA and HX that are <5Å apart.  The 

NOE is an effect that occurs because the spins interact with each other via “dipolar 

coupling” – essentially dipole-dipole interactions.  

Bo
HA HX

C HA

H

H

< 5Å

HX

2) Nuclear Overhauser effect (NOE) and distance constraints



The NOE works as follows; assume that HA is parallel and HX anti-parallel.  If we 
apply a radiofrequency pulse that flips HA from parallel to anti-parallel, the dipolar 
coupling between HA and HX may cause HX to flip as well, so an absorption of energy 
is observed for HX, as well as HA.  

Note that the probability of proton A causing proton X to flip depends on how tightly 
they are coupled - i.e. how close the protons are to each other.  The intensity of the 
nX peak is thus related to the distance between the spins!  

HA HXBo
HA HX

AH
hn

C HA

H

H

< 5Å

HX

nX nA

NOE  a 1/r6

Intensity of nX depends 
on HA - HX distance

2) Nuclear Overhauser effect (NOE) and distance constraints



HA is close to Hx and HY, but not HZ. If we apply a radiofrequency pulse that flips HA
from parallel to anti-parallel, dipolar coupling will cause some HX and HY protons to 
flip, so we will see peaks for both HX and HY – but not for HZ.  

Note that the intensity of the nY peak is greater than the intensity of the nX peak 
because HX is closer to HA than HY!  

By measuring the height of the peaks – the NOE – we determine the distance 
between HA and both HX and HY to be 4.5 and 3.5 Å, respectively.  
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2) Nuclear Overhauser effect (NOE) and distance constraints



nZ nY nA    nX
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Next, we determine the protons that are in close proximity to HX, and so on.  In this 
case, HX is within 5Å of HA and HZ, but is too far from HY to yield a measurable NOE.  

We apply a radiofrequency pulse that flips HX from parallel to anti-parallel, dipolar 
coupling will cause some HA and HZ protons to flip, so we will see peaks for both.  

By measuring the height of the peaks – the NOE – we determine the distance 
between HX and both HA and HZ to be 4.5 and 3.3 Å, respectively. 

3.3 Å

2) Nuclear Overhauser effect (NOE) and distance constraints



The NOE experiment tells us which 
protons are close in space.  

Consider protons on adjacent faces of 
two a-helices:  

The rise of an a-helix is 1.5 Å per 
residue, so protons on residues 3/4 
apart within an a-helix should be < 5 
Å apart and should give an NOE.

Residues on two facing but adjacent 
a-helices should be very close due to 
“ridges into grooves” packing.

NOEs can tell us about secondary 
structure and how different secondary 
structures pack together in 3D – i.e. 
protein structure!   
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2) Nuclear Overhauser effect (NOE) and distance constraints



The NOE data is placed in a grid listing the distance between one set of protons in 
the protein and every other set of protons in the protein.  For example, in the 
simplified distance grid above, distances between residues (not protons) are 
shown.   Residue 1 is close to residues 4 & 5, but not 2, 3, 6, and 7, whereas 
residue 3 is close to residues 6 and 7.  What is the structure of this short peptide?
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3) Solving and assessing the accuracy of a 3D structure 



All the measured distance constraints (and other data) are placed into a 
computer.  The computer randomly sets the y and f angle for each residue in the 
protein to generate a random starting structure (left).  

The y and f angles for each residue are then iteratively changed.  At each step 
or iteration, a test is performed to see if there is an improved match between the 
structure and the constraints. Eventually, the computer reaches a “best fit”, which 
corresponds to one possible structure 

Random starting structure One best-fit structure

Iterative adjustment of y and f
to get a better fit b/w structure 
and NMR data

Distance constraints are used to solve the 3D protein structure



The best-fit structure depends on the randomly chosen starting structure.  For 
this reason, 100 different randomly chosen starting structures are selected, each 
leading to a best-fit structure.  The 20 structures that best fit the NMR data are 
typically presented (top right), along with the average of these 20 structures – the 
final solution (bottom right).  Energy minimization is part of this process.

Iterative adjustment of y and f
to get a better fit b/w structure 
and NMR data

Random starting structure 20 Best-fit structures

Final solution = average of 20 best-fits

Many 3D structures are generated based on different starting 
conformations



The precision of the determined structure is evaluated by comparing the position 
of each backbone atom in every best-fit structure to the position of the same 
atom in the final structure (i.e. the average of the 20 best-fits).  The root mean 
squared deviation (RMSD) is analogous to standard deviation.   It is a measure 
of the average deviation of each individual amino acid position (xi) relative its 
average position in the final solution (x). The lower the RMSD, the more precise 
the determined structure. 

Precision of NMR structures

( )21 N

i
i

rmsd x x
N

= -å



Two NMR structures of peptide binding domains have different backbone RMSD 
values.  The SH3 structure is more precise – there is little variability amongst the 
20 best-fit solutions – the RMSD is lower.  Note that variability typically increases 
at the N- and C-terminus.

SH2 SH3

Pascal et. al (1994) Cell Liu et al (2003) Mol Cell 

Backbone rmsd: 1.17 Å 0.43Å

Precision of SH2 versus SH3 domain structures



Many dihedrals in regions that are not Only a small number  in non-allowed 
allowed regions

SH2 SH3

Ramachandran plots for SH2 vs SH3 domains



1H ppm

Even a small protein of 100 residues (~11 kDa) will have hundreds of protons.  
Because there are so many protons, protein NMR spectra are extremely crowded.  It 
is difficult to obtain information from such spectra because there is so much peak 
overlap that we cannot assign individual peaks to individual protons.  

To study proteins, we need a combination of multi-nuclear (where we use nuclei 
other than protons) and multi-dimensional NMR.  

4) Multidimensional NMR & 1H-15N HSQC spectra



A solution to the spectral overlap problem came in the 1980s when multidimensional 
NMR was used to spread the NMR signals in multiple dimensions as shown above.  
Above is a 2 dimensional (2-D) NMR spectrum, but one can also generate 3-D and 
4-D spectra.   There are many types of multi-dimensional NMR spectra
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Multidimensional NMR
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One of the most published types 
of 2D NMR experiment is the 
Heteronuclear Single Quantum 
Coherence (HSQC) plots the 1H 
ppm on one axis and either the 
15N, 13C, or 1H ppm on the other.  

The experiment is set up so that 
peaks (called “cross peak” in a 2D 
experiment) are observed 
between hetero-nuclei that are 
directly covalently bonded.

HD
HA HB HC

HA

HB HC

HD

2D HSQC spectrum showing the cross peaks between 
covalently bonded nuclei.

HSQC spectra



15 N PPM

1H-15N HSQC spectrum

1H PPM

In a 1H-15N HSQC spectrum, you record both a 1H-NMR spectrum and a 15N-NMR 
spectrum (protein must be labelled with 15N), but do so in a way that you explore the 
links between 1H and 15N nuclei that are covalently attached.    

The result is plotted so that you have an axis for the 1H-NMR spectrum and one for 
the 15N-NMR spectrum.  You get a “cross peak” for every hetero-nuclei (1H-15N) pair 
that are covalently bonded – but the position of each depends on local environment!

HD
HA HB HC

HA

HB HC

HD

2D NMR spectrum showing the cross peaks as circles.

Cross peaks 
observed
b/w 15N and 1H.



An 15N-1H HSQC shows cross peaks for every directly bonded 15N and 1H, such as 
the 15N-1H of the polypeptide backbone.  Each residue gives rise to one 15N-1H cross 
peak, but two are observed for Gln and Asn (*).  Why?

*

Cross peaks 
observed
b/w 15N and 1H.

Asn

1H-15N HSQC spectrum – a protein “fingerprint”



The frequency of each cross 
peak is sensitive to chemical 
environment (i.e. the structure of 
the protein).  

An 15N-1H HSQC spectrum is a 
sensitive probe of overall protein 
structure and can be used for 
many things, including testing 
whether a sample is suitable for 
detailed NMR studies...  

*

1H-15N HSQC spectrum – one cross peak for each residue



The 15N-1H HSQC spectra on the left (A) has very weak dispersion along the 1H axis 
(only 7.7-8.8 ppm) compared to (B) (6.8-9.2).  Why is the dispersion so small?  

Different chemical shifts reflect different environments, so a small dispersion implies 
uniformity of environment – protein (A) is unfolded!  

1H-15N HSQC tells you if protein is folded

A B



The spectra in black (left and right) of MLL suggests it is unfolded.  

The spectrum of MLL + KIX domain (blue, right) shows increased chemical shift 
dispersion suggestive that KIX binding leads to folding (J. Mol. Biol. (2006) 
355:1005).  (KIX is not labeled with 15N, so it is invisible in this experiment)

MLL MLL+unlabeled
KIX domain

1H-15N HSQC can monitor protein folding



• Agreement between x-ray and NMR structures is excellent.

• A good NMR structure with backbone rmsd < 1.0 Å can be 
considered to be roughly equivalent to a 2 Å resolution x-ray 
structure

• Side chain conformations in NMR structures are well defined in 
the core, but not on the surface

5) NMR versus X-ray structures



NMR: Pros and Cons

• Pros:
• NMR is ideal for proteins < 15 kDa
• Proteins with unstructured regions can be difficult to crystallize, but can still be 

studied by NMR
• There are no crystal packing forces (i.e. contacts between proteins) which can 

sometimes distort multi-domain proteins.
• Protein-protein or protein-ligand interactions are easy to study.
• Protein dynamics and conformational changes can be probed.

• Cons:
• Crystal structures are generally better quality – i.e. better defined structures.
• NMR is tedious: determine a lot of constraints.
• Surface side-chain conformations are sometimes not resolved.
• Size limitation to NMR (< 30kDa).
• Isotope labeling (15N, 13C) is required for NMR.



Mass Spectrometry (MS)



Mass Spectrometry (MS)



Mass Spectrometry (MS)

prototype electrospray time-of-flight mass spectrometers, we
showed that the composition and subunit stoichiometry of
complexes could be retained, even from relatively crude ex-
tracts such as plasma (9), and observed our first 800-kDa
complex of GroEL in 1999 (10). This led to opportunities to
monitor changes in subunit composition, either through
spontaneous exchange (11) or induced through thermal acti-
vation following construction of a thermally controlled nanoflow
device (12, 13). The precision with which masses could be assigned
to heterogeneous populations was such that incorporation of dif-
ferent subunits could be uncovered and monitored as a function
of time.
A turning point came with the application of ion mobility MS

to the study of native complexes. Following many excellent
earlier developments for clusters and biomolecules (14), we
adapted modeling strategies and demonstrated that the shape of
a protein complex could be preserved to maintain a defined ring-
shaped structure within the mass spectrometer (15). Alterna-
tively, by increasing the internal energy of the ions, these struc-
tures could be induced to collapse to form spherical structures,
which could then be separated from the larger ring-shaped
structures. Collision cross sections can be obtained from these
measurements, which in turn can be modeled and compared with
theoretical values, calculated from known structures where
available (16). In effect, this adds a new dimension to the ex-
periment: that of topology of the complex. These experiments,
together with early attempts to soft-land protein complexes and
subsequent imaging following negative stain using electron mi-
croscopy (17, 18), helped convince remaining skeptics that the
shapes of protein assemblies could be maintained in the gas
phase and, for the large part, corresponded to those anticipated
from X-ray structures.

From Membranes to Micellated Complexes
A long-term goal for us has been to achieve the same insights for
membrane proteins that we were beginning to amass for soluble
proteins. Overcoming the high concentrations of detergent
necessary to retain solubility was a significant challenge, with
early attempts yielding mainly aggregates of both detergents and
proteins (19, 20). It was only when we realized that to effect
efficient delivery we needed to increase detergent concentra-
tions, above the critical micelle concentration, that we managed
to retain transmembrane and cytoplasmic subunits. Following
further instrument modification and application of bespoke
parameters, we observed an ABC transporter in a well-defined
subunit stoichiometry (4) and knew that we had finally achieved
conditions whereby we could begin a systematic study of mem-
brane protein–lipid interactions with a high chance of success.
From our very first mass spectra of membrane proteins, however,
it was clear that associated lipids would remain, despite extensive
delipidation protocols (21). A major challenge for us, therefore,
was to consider how to use the lipid-binding we readily observed
to inform a more complete picture of the structure and function
of membrane proteins. Specifically, we wanted to develop
experiments that would enable identification of lipids that
were important for fine-tuning functions and for modulating
oligomeric states.
We reasoned that the rotary ATPase, with a large proportion

of subunits rotating within membranes, would have close inter-
actions with surrounding lipids (22). Our earliest mass spectra
had been limited to subcomplexes arising from the soluble head;
without the detergent micelle, the membrane-embedded com-
ponents were not observed (23). We concluded at that time that
the loss of membrane subunits was most likely due to their in-
ability to ionize sufficiently. Returning to these targets with our
new knowledge that we need to retain a high concentration of
detergent to form protective micelles, we obtained dramatically

Fig. 1. A timeline for milestones along the path from protein folding to GPCRs. (Left to Right) In the 1990s our research was focused on developing hydrogen
deuterium exchange methodologies to monitor the folding of proteins, capturing folding intermediates (7) and probing their interactions with molecular
chaperones (8). Transmission of an intact GroEL14-mer using instrumentation modified in our laboratory was an exciting milestone for us because it dem-
onstrated the potential for MS to maintain intact macromolecular complexes (10, 48). Subsequently, we collaborated with others on prototype ion mobility
spectrometers to demonstrate preservation of ring-shaped assemblies, and to produce early images of complexes on electron microscopy grids (15, 17, 18, 49).
Our first membrane protein complexes were ejected from micelles in 2008 (4), with intact rotary ATPases surviving the phase transition in 2011 (24). In 2014
we began our quest to uncover the many roles of lipids, starting with those that modulate the structure of membrane proteins, including the ammonia
channel (34). In 2016, we recorded our first mass spectra of a folded GPCR with both endogenous ligand and drug retained (41).
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1. Introduction

Membrane proteins (MPs) represent a disproportionately large
number of therapeutic targets (!60%) [1–3] given that they com-
prise only 25–30% of the proteome [4,5]. MPs perform numerous
essential cellular functions, including signaling, transport, cell
adhesion and catalysis [6–10]. Despite their importance, structural
information pertaining to this class of proteins is relatively sparse
when compared with water soluble proteins. The so-called ‘resolu-
tion revolution’ [11,12] in cryo-electron microscopy (cryo-EM) has
meant that structural information of MPs is now accessible for
samples where X-ray crystallography has failed, or is unsuitable.
Despite this increase in capability, both of these methods rely on
trapping or enriching the conformational state of the protein of
interest prior to study, whether this be by plunge freezing or crys-
tallization. This makes it impossible to interrogate protein dynam-
ics directly and to define the functional cycles of proteins, where
conformational changes may be required and protein states are
in dynamic equilibrium. Moreover, lipid/ligand binding, lowly-
populated states, and co-populated conformations are difficult to
discern by cryo-EM and crystallization, although class averaging
in cryo-EM data analysis can be used to unpick structural ensem-
bles [13–15]. Structural mass spectrometry (MS) methods do not
require freezing or crystallization, the lack of ensemble-averaging
in native MS enables ready detection of co-populated conforma-
tions [16,17] and ligand bound states [18–23], and the methods
are not (often) restricted by protein size (especially methods which
utilize bottom-up analyses) [24–26]. Real-time MS measurements
also enable kinetic information to be determined regarding protein
interactions with ligands or binding partners [27–30]. Conse-
quently, MS-based methods are being increasingly applied in
structural studies of both water soluble proteins and MPs.

The burgeoning field of structural MS has flourished over recent
years, with instrumental and methodological advances spawning
new approaches to interrogate both water soluble and MP struc-
tures and their interactions [31–35]. Broadly speaking, the struc-
tural MS approaches that have been developed can be separated
into two classes, namely native (or non-covalent) MS and
labelling-MS (Fig. 1). Native MS exploits the ability of electrospray
ionization (ESI) to maintain non-covalent interactions upon ioniza-
tion, thereby preserving tertiary and quaternary structure for inter-
rogation in vacuo [34,36]. This approach allows protein subunit
stoichiometry and architecture to be studied (the latter when cou-
pled with ion mobility spectrometry, IMS) [33,37]. Labelling
approaches include chemical crosslinking (XL) [26,38–41], hydro-
gen/deuterium exchange (HDX) [42,43], and surface labelling
methods, including chemical labelling (CL) [44–46], and hydroxyl
radical footprinting (HRFP) by methods such as synchrotron radiol-
ysis [47] or fast photochemical oxidation of proteins (FPOP) [48,49].
In these methods, the protein is labelled in solution, and is subse-
quently proteolysed before the resultant peptides are analyzed by
MS either qualitatively or quantitatively. Each of these MS-based
approaches provides a different type of structural information
and, in many cases, integrating data from several of these methods
(perhaps supplemented by other data) can be informative [50].
Whilst these approaches provide low resolution structural informa-
tion, the challenging nature of numerous biological systems (e.g.
size, conformational dynamics, intrinsic disorder, low abundance,
heterogeneity and transiency), including those for proteins embed-
ded in membranes (which have the added challenge of protein
solubility), often precludes the use of high resolution methods such
as X-ray crystallography, cryo-EM or nuclear magnetic resonance
(NMR) spectroscopy. In many instances, the approaches used to
study MPs by structural MS have been developed from those

Fig. 1. Structural Mass Spectrometry. Summary of structural mass spectrometry methods, workflows and the information obtained from each experiment. Native MS and
IMS-MS involves analyzing proteins intact, whilst maintaining non-covalent interactions. The other methods depicted typically involve analyzing peptide fragments and
mapping the labelling sites onto the protein structure.
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Integrative Structural Biology 
using MS + other methods

detailed insights in how purification protocols can affect
downstream structural methods. This resolution also
allows the identification of small molecules bound to
proteins, such as metals or lipids, to assist the assignment
of ambiguous densities in crystallography.

In this review we will focus primarily on the structure
elucidation of protein complexes including protein-only
assemblies, protein-nucleic acid complexes and mem-
brane protein–lipid interactions. We consider the inter-
play of structure determination and MS, as EM resolution
increases to sub-nanometre levels and beyond, and as the
possibility for resolving small molecule binding within
the context of macromolecular assemblies becomes a
reality.

Subunit stoichiometry of protein assemblies
Perhaps the most straightforward and important applica-
tion of native MS is in the determination of subunit
stoichiometry. Whilst in the majority of cases consensus
is observed between MS-derived stoichiometry and that
in X-ray crystal structures, exceptions have been
reported, including the recent structure determination
of BanLec. This lectin, which has been shown to be
capable of neutralising the carbohydrate coating of the

HIV virus and is therefore a potent inhibitor of HIV
replication, forms dimers during crystallography, in con-
trast to other lectins in the same family, which are
homotetrameric proteins [18,19]. However clear evidence
was obtained from MS, supported by size exclusion
chromatography, multi angle light scattering and small
angle X-ray scattering, that in solution BanLec possesses
a tetrameric oligomeric state under a variety of ionic
strengths (Hopper, under review). Whilst the discrepancy
is not unheralded, presence of the dimeric form was only
found by MS under very high salt conditions (4 M am-
monium acetate). The tetrameric solution state of Ban-
Lec enables multiple binding events, which explain its
high glycan affinity. Therefore correctly identifying the
solution oligomeric state by MS was important in identi-
fying how this protein functions.

Subunits that are present in addition to a stable core of
proteins are often discovered following native MS of
intact protein complexes. A case in point is the human
COP9 signalosome (CSN) complex, consisting of eight
subunits (1, 2, 3, 4, 5, 6, 7 and 8) that were co-expressed
and purified from insect cells and for which an X-ray
crystallography structure at 3.8 Å resolution was solved
[20]. Interestingly, MS analysis of the endogenous intact
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Current Opinion in Structural Biology

MS can be used to measure the stoichiometry and composition of protein complexes, the presence of small molecules, and to establish
conditions that enable structural determination by techniques such as cryo-EM and X-ray crystallography. From left to right are crystal
structures of the lysenin pore from Eisenia fetida (PDB 5EC5), the ammonia channel from E. coli (PDB 4NH2), the cryo-EM structure of the
dynactin complex (PDB 5CMN), and the crystal structure of the FLRT2:Unc5D:latrophilin 3 protein complex (PDB 5FTT) all of which were informed
by complementary MS.

www.sciencedirect.com Current Opinion in Structural Biology 2016, 40:136–144

(Liko et al, Curr Opin Struct Biol, 2016)
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Structural Determination in silico

Figure 2. Applications of Molecular Dynamics Simulations
Here we illustrate some of the most common applications of MD simulations.
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